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a b s t r a c t
Rhodoxanthin is one of few retro-carotenoids in nature. These chromophores are deﬁned by a pattern of
single and double bond alternation that is reversed relative to most carotenoids. Rhodoxanthin is found
in the plumage of several families of birds, including fruit doves (Ptilinopus, Columbidae) and the red cotingas (Phoenicircus, Cotingidae). The coloration associated with the rhodoxanthin-containing plumage of
these fruit dove and cotinga species ranges from brilliant red to magenta or purple. In the present study,
rhodoxanthin is characterized in situ by UV–Vis reﬂectance and resonance Raman spectroscopy to gain
insights into the mechanisms of color-tuning. The spectra are compared with those of the isolated pigment in solution and in thin solid ﬁlms. Key vibrational signatures are identiﬁed for three isomers of rhodoxanthin, primarily in the ﬁngerprint region. Electronic structure (DFT) calculations are employed to
describe the normal modes of vibration, and determine characteristic modes of retro-carotenoids. These
results are discussed in the context of various mechanisms that change the electronic absorption, including structural distortion of the chromophore or enhanced delocalization of p-electrons in the groundstate. From the spectroscopic evidence, we suggest that the shift in absorption is likely a consequence
of perturbations that primarily affect the excited state of the chromophore.
Ó 2013 Elsevier Inc. All rights reserved.

Introduction
Some of the most vibrant colors of feathers are derived from
carotenoids. Colors such as yellow, red, or purple in feathers can
be partly attributed to unique carotenoids that are formed metabolically from a small number of dietary carotenoids. The absorption characteristics of these molecules depend in large part upon
the length of double-bond conjugation, which can vary substantially. In one remarkable example, 16 different carotenoids were
recently identiﬁed in the plumage of cotingas, and their doublebond conjugation lengths were found to span all values from 9 to
15, inclusive [1].
Apart from the expected effect that different carotenoids have
on coloration, there are also intriguing examples of feathers with
the same composition of chromophore(s), yet varied coloration.
These cases have long been of interest [2–5] and there are several
possible explanations for the variation. First, structural coloration
can inﬂuence or even dominate the overall color of a feather, independent of the pigments [6–8]. Second, other non-carotenoid pigments, particularly melanin, contribute to the coloration of some
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bird feathers [9,10]. Third, the electronic absorption of carotenoids
can be tuned by polarizing inﬂuences (e.g. hydrogen bonding, or
nearby charges) in the keratin environment. These types of speciﬁc
interactions between the carotenoids and surrounding protein are
considered likely causes for substantial color-tuning in various carotenoproteins, e.g. within crustaceans [11,12].
An additional mechanism of color-shifts is based upon electronic interaction between neighboring carotenoid molecules.
The mechanism has been considered a possibility for proteinbound astaxanthin in crustaceans [13,14] as well as ketocarotenoids within avian plumage [5]. Electronic interactions between
chromophores are of exceptional interest, because several photophysical processes that are not possible for a monomer become
available for two or more coupled chromophores. In particular,
the process of singlet exciton ﬁssion, whereby a singlet exciton
forms two triplet excitons on neighboring chromophores, becomes
possible for carotenoids [15–20]. Despite the evidence for singlet
ﬁssion in biological systems with carotenoids, no functional role
for the mechanism has been determined. We recently proposed
that intermolecular singlet ﬁssion may provide a photoprotective
advantage for carotenoids, via the partitioning of absorbed
photonic energy over two chromophores, rather than a single
chromophore [18]. Evidence supporting this idea has yet to be
found; nevertheless, our interest in the topic has led us to
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investigate natural systems where electronic interaction between
carotenoids could play a role in their excited-state dynamics.
The ﬁve birds that are the focus of the present study (Fig. 1) all
have the carotenoid rhodoxanthin as the principle chromophore in
portions of their plumage. The pattern of single/double bond alternation of rhodoxanthin, a retro-carotenoid, is reversed from that
found for the vast majority of carotenoids, such as zeaxanthin or
b-carotene (Fig. 2). Despite the shared chromophore, the coloration
of the feathers probed here varies from crimson red to burgundy,
pink, or purple. We considered exciton coupling to be among the
possible reasons for the variation. Four of the birds are fruit doves
in the genus Ptilinopus within the Columbidae family: Wompoo Pigeon (Ptilinopus magniﬁcus), Beautiful Fruit Dove (Ptilinopus pulchellus), Yellow-bibbed Fruit Dove (Ptilinopus solomonensis), and
Jambu Fruit Dove (Ptilinopus jambu). The presence of rhodoxanthin
in this genus has been known for decades [2]. One cotinga species,
Phoenicircus carnifex (Cotingidae), was also included in our study
because the bright red plumage of this bird is also known to contain rhodoxanthin [1,21]. Our principle aim was to gain an understanding of rhodoxanthin in situ, both from vibrational and
electronic spectroscopy. The combined approach of in situ resonance Raman and electronic spectroscopy has been a powerful
one for identifying various causes of coloration in carotenoid/protein systems, including structural distortion, p-electron delocalization, and exciton coupling [4,5,11,22,23].
At the outset, the lack of resonance Raman spectra of retrocarotenoids in the literature hampered our exploration of the chromophores in the feathers. One reason for the dearth of spectra is
that retro-carotenoids are far less common in nature than carotenoids having the normal pattern of single/double bond alternation
[24]. Rhodoxanthin occurs in various plants [25–34], lichens [35],
and animals including birds [1–3,21,36–39], and ﬁsh [40]. One
can infer that vibrational resonance Raman spectra of rhodoxanthin may have been acquired previously [41–43]. However, the
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Fig. 2. Chemical structures of (A) (6E,60 E)-rhodoxanthin, (B) (6Z,60 E)-rhodoxanthin,
(C) (6Z,60 Z)-rhodoxanthin, (D) (3R,30 R)-zeaxanthin, (E) b-carotene, and (F) (6E,60 E)isocarotene.

prior reports did not make a clear connection between spectra
(or peak positions) and the carotenoid. Infrared spectra or band
positions of retro-carotenoids have been reported as part of synthetic efforts [44–47]. However, the analyses of IR spectra of retro-carotenoids are sparse and tend to focus on a small portion of
the spectrum [48–50]. To our knowledge, there is only a single
example in the literature where a full IR spectrum of rhodoxanthin
is illustrated [51].
Given the lack of any comprehensive report or analysis of vibrational spectra of retro-carotenoids, we have explored the resonance Raman spectroscopy of rhodoxanthin within feathers
(in situ), and as an isolated chromophore, in solution and in thin solid ﬁlms. The spectra of three isomers of rhodoxanthin are compared with (3R,30 R)-zeaxanthin, which has a well-understood
vibrational spectrum [52]. Assignments of the bands of the retrocarotenoid were aided by the results from density functional theory (DFT1) calculations. The vibrational spectra of the carotenoids
in the feathers, as well as their absorption spectra, are evaluated
with the aim of assessing various mechanisms for the different colors of these feathers.
Methods and materials
Pigment extraction and analysis

Fig. 1. Photos of bird species with rhodoxanthin in portions of their plumage: (A)
Black-necked Cotinga, Phoenicircus nigricollis (close relative of Ph. carnifex), (B)
Jambu fruit dove, Ptilinopus jambu, (C) Beautiful fruit dove, Ptilinopus pulchellus (D)
Wompoo pigeon, Ptilinopus magniﬁcus (E) Yellow-bibbed fruit-dove, Ptilinopus
solomonensis. Photo credits: (A) Wim de Groot; (B and C) T. Friedel/VIREO; (D) W.
Peckover/VIREO; (E) Mehd Halaouate.

The feathers of this study were obtained from the University of
Kansas Natural History Museum (Lawrence, KS, USA) and the Yale
Peabody Museum of Natural History (Yale University, New Haven,
CT, USA). The ﬁve feather types are described as follows: (1) red
1

Abbreviations used: DFT, density functional theory; MTBE, methyl-tert-butyl ether.
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body feathers of a male Phoenicircus carnifex (KU 88704, collected
March 1997); (2) burgundy breast feathers of a male Ptilinopus
magniﬁcus septentrionalis (YPM 74482, collected October 1960);
(3) crimson breast feathers of a male Ptilinopus pulchellus pulchellus
(YPM 73164, collected 1955); (4) purple breast feathers of a male
Ptilinopus solomonensis speciosus (YPM 41523, collected November
1937); and (5) pink breast feathers of a male Ptilinopus jambu (YPM
62797, collected October 1952).
The carotenoids were extracted from the feathers via procedures described previously [53,54]. The pigmented sections of
cleaned feathers were trimmed, and placed in a glass test tube under acidiﬁed pyridine at 90 °C for several hours. The Pt. solomonensis, Pt. magniﬁcus and Pt. pulchellus feathers were each treated in
the acidiﬁed pyridine for 3 h, after which the Pt. solomonensis
feathers were white, whereas the feathers of Pt. magniﬁcus and
Pt. pulchellus were dark brown. The treatment of Pt. jambu feathers
was stopped after 2 h, and they were white at that time. Ph. carnifex feathers were pale orange post-extraction. Next, methyl-tertbutyl ether (MTBE)/water (3:1 v/v) was added to the test tubes
to partition carotenoid pigments from water-soluble lipids. The
aqueous phase was removed by pipette, and the MTBE phase was
washed twice with additional water. The carotenoid pigments in
the MTBE layer were collected and dried, and later analyzed by
HPLC and absorption spectroscopy as described previously [1,53].
Brieﬂy, the HPLC protocol utilized a multi-solvent delivery system
(Waters 600), a 5 lm silica column (Phenomenex Luna,
250  4.6 mm) and a photodiode array detector (Waters 2996).
The mobile phase consisted of a linear gradient that began with
10% acetone in hexane and reached 20% acetone in hexane over
40 min. The ﬂow rate was 1.0 mL/min.
Pigments eluting from the HPLC were collected and their absorption spectra recorded in the mobile phase. The pigments from Pt.
magniﬁcus were sufﬁciently concentrated for mass spectrometry,
which was performed in the APCI mode (Applied Biosystems API
2000). The samples were dissolved in methanol and introduced into
the mass spectrometer by direct infusion at a rate of 20 lL/min.
Preparation of rhodoxanthin isomers
Synthetic rhodoxanthin was dissolved in acidiﬁed pyridine and
heated to a temperature of 90 °C. The sample was analyzed with
normal-phase HPLC as described above, and three bands were collected with elution times that were separated by 1 min intervals.
The absorption spectra of the isolated pigments in the mobile
phase (not shown) were consistent with their identiﬁcation as
(6E,60 E)-, (6E,60 Z)-, and (6Z,60 Z)-isomers of rhodoxanthin (see below) [29].
Preparation of thin-ﬁlms
Three thin-ﬁlms of (6E,60 E)-, (6E,60 Z)-, and (6Z,60 Z)-rhodoxanthin were prepared from the synthetic rhodoxanthin treated with
acidiﬁed pyridine. The dried rhodoxanthin was dissolved in acetone and added drop-wise to a glass microscope slide, with sufﬁcient time between each drop to allow the solvent to evaporate.
Optical microscopy
Images of the ﬁve rhodoxanthin-containing feathers were acquired with a CCD camera (AVT Stingray F-201B/C) attached to
an upright microscope (Zeiss Axio Imager). The feathers were
epi-illuminated with light from a quartz tungsten halogen lamp.
The objective was a NA = 0.25 plan semi-apochromat (Zeiss Epiplan-Neoﬂuar 10). A diffuse white reﬂector (Spectralon) was used
to perform a color balance calibration. After the calibration, each
feather was placed on the Spectralon block for acquiring an image.

Spectroscopy
Absorption spectroscopy
UV–Vis absorption spectra of the chromophores in solution
were measured with a scanning spectrometer (Shimadzu UV3600). Solutions were held in a quartz cuvette with 1 cm path
length, unless otherwise noted.
Diffuse reﬂectance and forward-scattering spectroscopy
Back-scattered and forward scattered light from the ﬁve plumage samples were recorded in conﬁgurations that are the same as
those normally employed for measurement of diffuse reﬂectance
and diffuse transmittance spectra (See Fig. S1). A UV–Vis spectrophotometer with integrating sphere attachment (Shimadzu UV3600, ISR-3100) was employed. Prior to measurements of the samples, a baseline correction was performed with a barium sulfate
white-light reﬂector positioned at an appropriate port of the integrating sphere. Each feather was positioned in the beam, and covered by a mask with 3.0 mm open diameter so that the most
colorful region was probed. We note that the feathers have 50%
open area between barbs or barbules, thus considerable light
passes through the feathers unimpeded and is also not captured
by the integrating sphere. Also, forward scattering and glancing
reﬂection from the barbs are expected to dominate in the (nominally) transmittance measurement.
Macro-Raman spectroscopy
514.5 and 568.2 nm excitation beams were generated by an argon/krypton ion laser (Laser Innovations, Innova-70C). The beam
was directed through a narrow-band interference ﬁlter (Semrock)
that matched the wavelength of the laser line.
For the solid-state samples (feathers, thin ﬁlms), Raman scattered light was collected in a 180-degree back-scattering geometry. A 75 mm cylindrical lens was used to focus the laser beam
along one axis. At the sample, the beam had an elliptical proﬁle,
with axis lengths 2.50  0.040 mm. The low excitation power
(<1.5 mW and 3.3 mW) kept the irradiance at the sample to
2 W/cm2 (for feathers) and 4 W/cm2 (for thin ﬁlms) or less. For
solution-phase experiments, the sample was held in a 10  4 mm
septum-capped quartz cuvette with clear bottom window. The
rhodoxanthin solution was purged and agitated during the Raman
collection with a slow stream of nitrogen gas. The rhodoxanthin
isomers were each dissolved in dimethyl sulfoxide (DMSO). DMSO
was selected in part because the solvent has a relatively high boiling point (189 °C), therefore purging resulted in little evaporation
during the course of the experiment. A 75 mm cylindrical lens
was used to focus the beam along one axis, and the dimensions
at the sample were approximately 1.25  0.040 mm. The excitation power was approximately 4.5 mW, and the irradiance was
10 W/cm2. Raman scattered light was collected at 90° relative
to the propagation of the excitation beam.
The detection setup for the macro-Raman experiments employed an F/1.2 collection lens (Canon FD, focal length 85 mm).
An F/4 achromatic lens was used to focus the scattered light onto
the entrance slit of a 320 mm focal length spectrograph (Horiba Jobin–Yvon, iHr-320). The scattered light also passed through a
polarization scrambler and an edge ﬁlter (cutoff either 514.5 or
568.2 nm; Semrock, Razoredge) prior to the entrance slit. The spectrograph was equipped with 1200 and 2400 groove/mm holographic gratings, and an open-electrode CCD detector (Horiba
Jobin–Yvon Synapse).
Micro-Raman spectroscopy
The same laser source, ﬁlters, and spectrograph were utilized as
for the macro-Raman experiments. The beam was directed into a
Zeiss Axio-Imager upright microscope modiﬁed with beamsplitters
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appropriate for routing the laser beam to the objective, and for
transmitting the Raman-scattered light efﬁciently. The excitation
beam was focused onto the sample with a 0.55 NA objective lens
(Zeiss LD EC Epiplan-Neoﬂuar 50). The diameter of the laser beam
at the sample was approximately 1 lm. The average power of the
excitation beam was kept below 50 lW (for thin ﬁlms) and
200 lW (for feathers), which correspond to irradiance levels of
6000 and 30,000 W/cm2, respectively. The typical irradiance at
the sample for the micro-Raman experiments was a factor of 103
or 104 higher than for macro-Raman experiments. Scattered light
was collected with the same objective lens, and subsequently directed along a path that included a polarization scrambler and an
edge ﬁlter that was selected for the excitation wavelength. The
scattered light was then focused at the spectrograph slit with an
achromatic lens (focal length 125 mm).
Low-temperature micro-resonance Raman spectroscopy
A Linkam THMS600 microscope stage was employed to cool
samples to nearly the boiling temperature of liquid nitrogen
(196 °C). A barb was cut from feather samples and placed between two glass coverslips. Thin layers of silicone oil were used
to hold the sample in place, and to allow thermal conduction between the sandwich assembly and the cold block. An internal
probe indicated a temperature of 195 °C. It was not certain that
the feather samples reached the low temperature of the substrate;
however, a vacuum was pulled on the sample space during the Raman spectroscopy to minimize any temperature gradient. For the
low temperature resonance Raman studies of the thin ﬁlm of
(6Z,60 Z) rhodoxanthin, the microscope slide was placed inside a
Linkam LTS420 cooling stage and subsequently cooled until the
temperature probe in the cold block read 195 °C. Excitation powers were less than 300 lW for all low-temperature micro-Raman
experiments.
The experimental conditions for all macro- and micro-Raman
experiments are summarized in Table S1. A 2400 groove/mm grating was employed for acquisition of most macro- and microRaman spectra. One exception was the solution-phase macroRaman experiments, where the 1200 groove/mm grating was
used. Slit-widths were selected between 0.030 and 0.100 mm,
depending upon the need for resolution or system throughput.
The spectral resolution was approximately 3 (6) cm1 with the
2400 (1200) groove/mm grating and 0.050 mm slit width.
Calculations
Electronic structures and geometry optimizations were performed for (6E,60 E)-, (6E,60 Z)-, and (6Z,60 Z)-rhodoxanthin, as well
as b-carotene and a model retro-carotenoid isocarotene. The method was density functional theory (DFT) with B3LYP functional, and
a 6–31G(d) basis set. The software was Gaussian 09W [55]. Initial
structures were drawn with ChemDraw, optimized with the Hartree–Fock method, and subsequently optimized with DFT. A normal mode analysis was done at the optimized geometry. The
harmonic frequencies were subsequently scaled by a factor of
0.9614 [56], which gave good agreement between the calculated
and experimental frequencies.
Results and discussion
Pigment extraction and analysis
Extraction of the carotenoids from Pt. magniﬁcus feathers
yielded a deep red solution. HPLC analysis (Fig. 3) showed three
major peaks with retention times of 10.0, 11.3, and 12.2 min. These
retention times, along with the absorption spectra in the mobile

Fig. 3. (Top) Normal-phase HPLC chromatogram of Pt. magniﬁcus feather extract,
with detection at 480 nm. (Bottom) Absorption spectra corresponding to the three
major bands colored in the top panel. The absorption of each eluted band was
measured while in the mobile phase solvent, which is 12–13% acetone in hexane
(see text for details).

phase solvent, matched those found upon analysis of the heated
sample of synthetic rhodoxanthin. The peaks eluting at 11.3 and
12.2 min were analyzed by mass spectrometry and both were
found to have a mass of 562 m/z, consistent with rhodoxanthin.
Therefore, it can be concluded that the red coloration of the breast
feathers of Pt. magniﬁcus arises from the retro-carotenoid rhodoxanthin, which is consistent with previous ﬁndings by Völker [2].
The kmax positions for the three bands of the Pt. magniﬁcus extract in the HPLC mobile phase solvent (12–13% acetone in hexane)
are 477, 484, and 489 nm (Fig. 3). After drying and re-dissolving
the pigment in methanol, the spectra (not shown) have almost
no resolved vibronic features, and the maxima are located at 485,
490, and 497 nm. These positions are not in quantitative agreement with circa 10 nm spacing between neighboring maxima that
have been reported elsewhere [24]. However, the kmax positions
and the spectra of Fig. 3 are in good agreement with those reported
for rhodoxanthin isomers isolated from gymnosperms [29]. In order of increasing wavelength for kmax, the isomers are 6-cis, 60 -cis
(6Z,60 Z); 6-trans, 60 -cis (6E,60 Z); and 6-trans, 60 -trans (6E,60 E) rhodoxanthin. It is important to note that isomerization of the carotenoid
is a likely consequence of the extraction procedure, because elevated temperatures were employed. Therefore it is not possible
to infer the isomeric content of the feathers from the HPLC analysis
reported here.
The HPLC chromatograms of extracts from Pt. solomonensis,
Pt. jambu, and Pt. pulchellus feathers revealed three bands which
eluted with retention times and displayed absorption spectra that
were similar to those found for extracts of burgundy Pt. magniﬁcus
feathers. HPLC chromatograms of the Ph. carnifex extract yielded
the same three peaks, plus an additional one at 27 min which
was veriﬁed by mass spectrometry to be all-trans lutein (data not
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shown). However, the amount of lutein is estimated to be less than
5% of total carotenoid in the feather [1]. Therefore, we conclude
that the dominant pigment in all of these feathers is rhodoxanthin.
While the above focuses on the extracted chromophores, our
procedure did not extract a brown pigment that remained in
the feathers of Pt. magniﬁcus and Pt. pulchellus. Based on prior reports, it is likely that the brown color is caused by eumelanin
[9,10]. Additionally, Ph. carnifex feathers remained a pale orange
after the extraction, which may indicate the presence of pheomelanin [9,10]. The purple feathers of Pt. solomonensis and the pink
feathers of Pt. jambu both appeared colorless following extraction,
and we conclude that the melanin content in these feathers is
insigniﬁcant.
Optical microscopy
The ranking of the feather barbs from the strongest red to
strongest purple coloration in the optical images (Fig. 4) were
Pt. magniﬁcus = Ph. carnifex, Pt. pulchellus, Pt. jambu, Pt. solomonensis. The regions of the feather barbs with the strongest red or purple coloration were probed by Raman spectroscopy. The probed
regions were generally the barbules, except in the case of Ph. carnifex, which has signiﬁcant concentration of carotenoids in the
central shafts (rami) of its barbs. The images of Fig. 4 also show
several characteristics that were not investigated in depth. First,
the rami of Pt. pulchellus and Pt. magniﬁcus are dark; thus melanin
may be more concentrated in this region than in the barbules.
Second, several feather types have some iridescence. The effect
gives the barbs of Pt. magniﬁcus a green or purple hue. Some barbules of Pt. solomonensis and of Pt. pulchellus appear to be weakly
iridescent as well. The iridescent regions of the feathers in the
present study were avoided in the Raman measurements. Third,
the breast feathers of several birds exhibit a color gradient from
the base of the ramus to the tip. For Pt. magniﬁcus, the color varies from iridescent green to red; for Pt. pulchellus, yellow to bright
crimson. Only the reddest regions of these feathers were probed
in the present study.

Fig. 4. Images of feather barbs by optical microscopy. Circles indicate the
approximate areas probed with resonance Raman spectroscopy. These regions
were selected for the deepest coloration and least iridescence. (A) Pt. pulchellus; the
inset shows a section of feather barb where a gradient of yellow-to-red color is
apparent. (B) Pt. magniﬁcus; the inset illustrates that some barbules (not probed)
have very little rhodoxanthin, and these were also relatively iridescent. (C) Pt.
solomonensis (D) Pt. jambu; approximately half of each barbule is pigmented with
rhodoxanthin (E) Ph. carnifex; the ramus of this barb was probed because its color is
darker than that of the barbule.

Scattering spectroscopy
The diffuse back-scattering (or diffuse back-reﬂectance) spectra
of the ﬁve rhodoxanthin-containing feathers were acquired (Fig. 5).
These spectra were compared with diffuse transmittance measurements, which are expected to be dominated by light from glancing
reﬂections and scattering off the various structures of the barbs,
rather than transmission through the material structure itself.
The same portion of each feather was probed in both measurements. The diffuse back-reﬂectance and forward-scattering spectra
for each sample are similar, although there are differences such as
the amount of attenuation in the UV region relative to the visible. It
is not fully understood what causes the differences between measurement types.
Absorption by rhodoxanthin causes the diffuse reﬂectance to
drop in the range 400–650 nm. The onset of visible absorption on
the low-energy (long-wavelength) side is commonly characterized
by a reﬂectance midpoint, k(Rmid). The k(Rmid) value is the wavelength position where the reﬂectance is midway between a maximum value Rmax (typically located in the red), and a minimum
value Rmin (in the present case, Rmin can be found in the region
450–600 nm):

kðRmid Þ ¼ kððRmin þ Rmax Þ=2Þ

ð1Þ

We note that the reﬂectance spectra of Pt. magniﬁcus and Pt.
pulchellus feathers increase monotonically in the red region. This
characteristic prevents an accurate selection of Rmax in Eq. (1),
and the reﬂectance value at 725 nm is used for these feathers.
The k(Rmid) values for both back- and forward- scattering measurements are listed in Table 1.
The characterization of feather pigments by a single parameter
k(Rmid) has general shortcomings, aside from the speciﬁc ambiguity

Fig. 5. (Top) Diffuse back-scattering (or diffuse back-reﬂectance) spectra. (Bottom)
Diffuse forward-scattering spectra of the ﬁve feathers.
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Table 1
Summary of wavelengths that characterize the diffuse back- and forward-scattering spectra, and derived absorption spectra (see text). k(Rmid) is the wavelength for which the
reﬂectance is midway between a maximum and minimum value. k(Ahm)avg is the average of the two half-maxima positions k(Ahm1) and k(Ahm2) of the derived absorption spectra.
Feather

Pt. magniﬁcus
Ph. carnifex
Pt. pulchellus
Pt. jambu
Pt. solomonensis

Forward-scatteringa

Back-scattering/back-reﬂectance
k(Rmid) (nm)

k(Ahm1) (nm)

k(Ahm2) (nm)

k(Ahm)avg (nm)

k(Rmid) (nm)

k(Ahm1) (nm)

k(Ahm2) (nm)

k(Ahm)avg (nm)

584
583
611
594
614

411
452
446
464
474

571
567
602
587
608

491
510
524
526
541

577
580
602
593
615

430
436
453
457
465

565
575
590
592
607

498
506
522
526
536

a
Forward scattering includes light that is scattered and reﬂected off of the edges of barbs/barbules, and likely only a small proportion is transmitted through the material
structure of the feathers.

noted above for Pt. magniﬁcus and Pt. pulchellus. For example, it is
expected that as pigments reach concentration levels where the
reﬂection approaches low values (i.e., saturation), k(Rmid) values
can shift signiﬁcantly as a function of concentration. The saturation
effect has been discussed previously [57,58]. An improved method
of characterizing a pigment within a feather would be the acquisition of its full absorption spectrum in situ. We attempted to derive
an absorption spectrum of each feather by using the Kubelka–
Munk approach with a pile of plates model [59]. The approach
was unsuccessful, likely because of signiﬁcant open spaces in the
feathers, edge effects, as well as the opacity of the barbs and barbules. Instead, an attenuation coefﬁcient proﬁle was calculated
from the negative log of diffuse reﬂectance or forward-scattering
spectra using:

AðkÞ ¼  logðRðkÞÞ

ð2Þ

where A(k) is the attenuation coefﬁcient, and R(k) is the fraction of
diffuse scattering or reﬂectance (Fig. 6 and Table 1).
The attenuation coefﬁcient proﬁles (inset of Fig. 6) show a clear
band in the spectral region 400–650 nm that is attributed to
absorption by rhodoxanthin. The absorption maximum at
280 nm can be attributed to the keratin matrix that is the main
constituent of the feathers [60]. Carotenoids also absorb in the
UV region, as a result of an S0 ? Sn transition. However, the molar
absorption coefﬁcient of the 280 nm band for a carotenoid is typically 5-fold smaller than its primary visible (S0 ? S2) absorption
band. Therefore, the absorption at 280 nm caused by the carotenoid is expected to be much smaller than that of keratin. Melanin
may also contribute to the absorption of Pt. magniﬁcus and Pt. pulchellus. The absorption of melanin is strongest in the UV region,
and the cross section declines monotonically as wavelength increases [61].
The calculated attenuation proﬁles yield some insights into the
relative concentrations of carotenoid within the feathers. We assume equal concentration of keratin and amplitude of the
280 nm band for all ﬁve feathers. A comparison of the relative
amplitude of the carotenoid and keratin absorption bands across
the ﬁve spectra suggests that Pt. pulchellus, Ph. carnifex, and Pt.
magniﬁcus have 2–3 times greater concentration of carotenoids
than Pt. solomonensis or Pt. jambu. This result is consistent with
the muted appearance of Pt. solomonensis and Pt. jambu.
The carotenoid absorption in the visible region is isolated from
the overall attenuation spectrum by ﬁtting a polynomial to spectral
regions where that absorption is expected to be at or near baseline.
The function is subtracted to remove contributions from scattering
or absorption by keratin and melanin. The baseline-subtracted
absorption spectra are shown in Fig. 6. The wavelength position
of the primary visible absorption is quantiﬁed by the average of
the wavelength positions for the two half-maxima, k(Ahm1) and
k(Ahm2) that characterize this band, or k(Ahm)avg. Speciﬁcally,

Fig. 6. (Inset) Attenuation coefﬁcient spectra of the ﬁve feathers, determined from
diffuse forward-scattering data (lower panel of Fig. 5) and Eq. (2) of the text. The
spectra are offset for clarity, and no baselines are removed. (Main panel) Derived
absorption spectra of rhodoxanthin in the visible region, isolated from the
attenuation coefﬁcient spectra of the inset by subtracting a baseline. Spectra are
normalized and offset for clarity. The wavelength corresponding to the average of
the two half-maxima of each spectrum, k(Ahm)avg, is indicated.


kðAhm Þavg ¼

kðAhm1 Þ þ kðAhm2 Þ
2


ð3Þ

The relevant wavelength positions for each feather are indicated in Table 1. The k(Ahm)avg values increase in the order Pt. magniﬁcus, Ph. carnifex, Pt. pulchellus, Pt. jambu, and Pt. solomonensis.
The difference between the k(Ahm)avg values determined from
back-scattering and forward scattering spectra are less than 4 nm
on average, with a maximum 7 nm difference for Pt. magniﬁcus.
The relatively small differences found between each pair of measurements provide some assurance that the absorption is assessed
reliably with the integrating sphere.
Relationship between UV–Vis absorption and perceived color
The positions of average half-absorption, k(Ahm)avg, span a
38 nm range (1400 cm1). The feathers with the strongest red
appearance (Ph. carnifex and Pt. magniﬁcus) have their average
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half-absorption located closest to 500 nm. The relatively pure red
reﬂection may occur because absorption by rhodoxanthin in these
feathers covers both blue and green spectral regions. In contrast,
the feathers with strongest purple or magenta coloration have
their average half-absorption centered between 520 and 540 nm.
It is well known that when pure green light is subtracted from
the white-light sum of red, green and blue, the result is the (nonspectral) color magenta (blue and red). Thus, it is possible that
the distinct purple/magenta appearance of Pt. pulchellus, Pt. jambu,
and Pt. solomonensis is caused by substantial blue reﬂection (weaker blue absorption), which in turn results from the relatively bathochromic absorption by rhodoxanthin in these feathers.
It is tempting to attribute the main cause of color variation to
the tuning of the absorption band of rhodoxanthin, but other factors could signiﬁcantly inﬂuence the perceived color. First, eumelanin in the plumage of Pt. magniﬁcus and Pt. pulchellus, or
pheomelanin in Ph. carnifex, could contribute to the absorption
(low reﬂectance) in the violet-blue spectral region 380–500 nm
(Fig. 5). The effect would be similar to a blue-shifted absorption
by rhodoxanthin. In contrast, the relatively strong violet–blue
reﬂectance of the feathers without melanin, Pt. solomonensis and
Pt. jambu, could contribute to the magenta color of these species.
We were unable to assess the relative importance of melanin, versus shifts in the absorption band of rhodoxanthin, to the overall
red/purple coloration. Second, as noted above, iridescence was
apparent in the microscope images of Pt. magniﬁcus, P. puchellus,
and Pt. solomonensis feathers, and could inﬂuence their color. Previous studies have shown that while the green coloration of Ptilinopus plumage has a structural basis, the distinct red or purple
coloration does not [62,63]. The prior work suggests that iridescence does not play an important role in the feathers of our study.
Third, the effect of pigment concentration on the plumage coloration was not explored in the present work, although it is clear that
there is substantial variation in concentration within the feathers.
Resonance Raman spectrum of (6E,60 E)-rhodoxanthin versus (3R,30 R)zeaxanthin
Experimental Resonance Raman spectra of (6E,60 E)-rhodoxanthin in DMSO, (3R,30 R)-zeaxanthin in ethanol, and calculated Raman spectra are compared in Fig. 7. The comparison of this
particular pair of xanthophylls by experiment and computation is
useful because the resonance Raman spectrum of zeaxanthin [52]
is nearly identical to that of b-carotene, and is therefore wellunderstood from extensive prior studies [64–67]. The spectra of
rhodoxanthin and zeaxanthin are generally similar. The strongest
band of zeaxanthin is denoted m1, with maximum near
1525 cm1. The band results from symmetric linear combinations
of several C@C stretches. The m1 band of (6E,60 E)-rhodoxanthin is
downshifted 5 cm1 relative to that of zeaxanthin. Normal mode
analysis reveals that the m1 mode of retro-carotenoids is unusually
extended along the polyene chain, with contributions from all double bonds between C8@C9 and C80 @C90 , inclusive (Table 2,
Table S2A and B). By contrast, the m1 mode of b-carotene and zeaxanthin is much more localized, with contributions primarily from
the double bonds C13@C14 and C130 @C140 .
The ﬁngerprint region (1100–1400 cm1) of the experimental
spectra is dominated by the m2 band, with nearly coincident maxima located at 1157–1158 cm1 for both molecules. Despite the
matching frequencies, the carbons with the most motion are different: in the case of zeaxanthin, most of the C–C motion is localized to
C10–C11, C100 –C110 , C14–C15, and C140 –C150 . For (6E,60 E)-rhodoxanthin the motion is largely with C11–C12, C110 –C120 and C15–
C150 (Table 2, Table S2A and B). There are a greater number of resonantly enhanced bands in the ﬁngerprint region for rhodoxanthin,
including ones centered at 1135 cm1 (shoulder), 1283 cm1, and

Fig. 7. (Upper panel) Experimental resonance Raman spectra of (6E, 60 E)-rhodoxanthin in DMSO (568.2 nm excitation) and (3R,30 R)-zeaxanthin in ethanol
(488.0 nm excitation). (Middle panel) Calculated Raman spectrum of (6E,60 E)rhodoxanthin. (Lower panel) Calculated Raman spectrum of (3R,30 R)-zeaxanthin.
The frequency axes of the calculated spectra are scaled by 0.9614. The 800–
980 cm1 region is magniﬁed by 50. The intensities of the calculated spectra do
not take into account any mechanism for resonance enhancement, and are
therefore not expected to match the intensities of experimental resonance Raman
spectra.

1342 cm1. The computed normal modes indicate that their motion
consists largely of C–C single bond stretches, in combination with
C–H rocking (in-plane bending) motions. The calculation of
(6E,60 E)-rhodoxanthin also predicts bands at or near the frequencies of experimental ones, e.g. with bands centered at 1143, 1281,
and 1335 cm1. It should be noted that the calculations do not take
into account any mechanisms for resonance enhancement, therefore a match with experimental intensities is not expected. Another
strong band in the experimental spectra is m3, which results largely
from methyl rocking motions. The 1009 cm1 frequency for rhodoxanthin is slightly upshifted relative to 1004 cm1 for zeaxanthin.
The DFT calculations predict that (6E,60 E)-rhodoxanthin has one
main methyl rocking mode, and therefore a simpler band pattern
in the m3 region, than zeaxanthin. Next, the bands assigned to
hydrogen-out-of-plane (HOOP) wagging modes are found in the region 800–1000 cm1. These bands gain intensity upon loss of planarity of the carotenoid [68,69]. One band near 965 cm1 appears
to be centered at nearly the same frequency for both molecules.
However another band at 887 cm1 for rhodoxanthin is signiﬁcantly shifted relative to the nearest band of zeaxanthin, which is
centered at 872 cm1. The differences in HOOP wag frequencies

C.J. Berg et al. / Archives of Biochemistry and Biophysics 539 (2013) 142–155

149

Table 2
Calculated frequencies of select normal modes of (3R,30 R)-zeaxanthin and three isomers of rhodoxanthin.
Assignmenta

Frequency of mode (cm1)
0

Zea

0

0

(6E,6 E)-rhodo

(6E,6 Z)-rhodo

(6Z,6 Z)-rhodo

1511
1390, 1401
1335b
1323b
–
1281b
1270b

1513
1387, 1395
1334
1324
1300
1281
1270

1516
1386, 1395
1334
–
1300
1281
1270

1209
–

1209
1194

1209
1194 (w)

1181

1182, 1181, 1177

1178

1158
1143b
995

1152, 1157, 1160
1141
996, 997

1155
1138 (w)
998

966
899b

967 (w)
902, 897

968 (w)
902

884
876
838

885, 883
877
832

885
–
833 (w)

1520

1269b
1215

1187
1161

995
971
960

b

889

838

Symmetric C@C stretches, primarily C13@C14
Symmetric C@C stretches, extending from C8@C9 to C80 @C90
Methyl bends + CH rock
C13–C14 stretch + CH rocks
CH rocks (including ring C4H) for E conﬁguration
CH rocks (including ring C4H) for Z conﬁguration
CH rocks C14H, C15H
CH rocks C11H, C14H, C15H
CH rocks C10H, C11H CH(ring)
C14–C15 stretch + CH rocks
C15–C150 stretch + CH rocks
C7–C8 stretch + ring methylene rock + CH rocks
C8–C9 stretches + CH rocks
C7–C8, C11–C12 stretches + CH rocks
C10–C11, C14–C15 stretches + CH rocks
C11–C12, C15–C150 stretches + CH rocks
C15–C150 stretch + CH rocks
Methyl rocks
C7H, C8H, C10H, C11H, C12H HOOP wags
C7H, C8H, C10H, C11H, C12H HOOP wags
C10H, C11H, C12H HOOP wags
C7H, C8H and other HOOP wags; ring torsion
C10H, C11H, C12H HOOP wags
C7H, C8H HOOP wags
C7H and ring CH HOOP wags
C8H, C10H, C11H, C14H, and C15H HOOP wags

Abbreviations: Zea = (3R,30 R)-zeaxanthin; rhodo = rhodoxanthin; HOOP = Hydrogen-out-of-plane; (w) = weak.
a
A majority of the modes in this list include motion of the unlisted primed carbons on the opposite side of the molecule, e.g. a C13–C14 stretch also implies C130 –C140 .
b
These modes appear to be the most prominent ones that distinguish the experimental Raman spectra of (6E,60 E)-rhodoxanthin and zeaxanthin.

between the two molecules may be caused by CH out-of-plane motion at the conjugated C4/C40 carbons of rhodoxanthin. Descriptions
and frequencies of the calculated modes that distinguish (3R,30 R)zeaxanthin and (6E,60 E)-rhodoxanthin are highlighted in Table 2
(see also Table S2A and B).
Differences between computed spectra of (6E,60 E)-isocarotene, and bcarotene
Additional DFT/normal mode calculations of the retro-carotenoid, (6E,60 E)-isocarotene, and b-carotene (Fig. S2, Tables S3 and
S4) suggest that the differences described above between rhodoxanthin and zeaxanthin are not limited to these xanthophylls. In
brief, the main ethylenic vibration of isocarotene is calculated to
be much more delocalized, and the frequency is downshifted
8 cm1, relative to that of b-carotene. The calculations also show
considerably more activity in the ﬁngerprint region of isocarotene,
including a band at 1143 cm1, as well as pairs of bands at 1270/
1280 cm1 and 1325/1333 cm1. These results match those of
(6E,60 E)-rhodoxanthin. The calculated spectrum of isocarotene reveals the simpliﬁed structure in the m3 region, as seen for rhodoxanthin. In the HOOP region, the comparison of isocarotene with
b-carotene reﬂects the same differences as for rhodoxanthin vs.
zeaxanthin. The comparisons of the two carotenes and the two
xanthophylls indicate that the retro-conﬁguration, rather than
any other factor, cause the primary spectral differences in the resonance Raman spectra.
Resonance Raman spectra of rhodoxanthin isomers in solution
The spectra of the three rhodoxanthin isomers in DMSO with
568.2 nm excitation are compared in Fig. 8. Absorption spectra
(Fig. S3) were taken before and after exposure to the laser, and no
shifts in the absorption maxima for any of the 3 isomers were observed. This result indicates that the majority of each rhodoxanthin

isomer remains in its starting conﬁguration. The position of the m1
band maximum is slightly lower in frequency for the trans (E) conﬁguration, relative to the cis (Z): (6Z,60 Z), 1526 cm1; (6E,60 Z),
1524 cm1; and (6E,60 E), 1520 cm1. The maximum for m2 is within
the range 1158–1160 cm1 for all isomers, and the variation is neither signiﬁcant nor systematic among the isomers. In terms of
intensities of various bands relative to the m1 ethylenic, those centered at 1010 (m3), 1195, 1285, and 1343 cm1 increase for the series (6Z,60 Z) ? (6E,60 E). For the same series, intensities decrease for
bands centered at 825, 1205, 1312, and 1392 cm1. Peak positions
of the m1, m2, and m3 modes for the three isomers in DMSO are listed
in Table S5.
The results from normal mode calculations of the three rhodoxanthin isomers are shown in Fig. 9 and Table 2. The DFT calculations agree with experimentally observed downshift of the m1
frequency for the trans (E) conﬁguration, with calculated m1 frequencies of 1516, 1513, and 1511 cm1 for the 6Z60 Z, 6E60 Z, and
6E60 E isomers, respectively. The downshift correlates with enhanced planarity of the polyene backbone including the conjugated rings of rhodoxanthin. With the E-conﬁguration, the
dimethyl substituents attached to C1/C10 straddle the polyene
hydrogen attached to the C8/C80 position, and thus keep the conjugated double bonds of the rings relatively coplanar with the
polyene backbone. Conversely, for the Z-conﬁguration there is
steric hindrance between the single methyl group attached to
C5/C50 , and the hydrogen at the C8/C80 position. Therefore one
would expect a greater dihedral angle between the C@C double
bond of each ring and polyene backbone in the Z-conﬁguration
versus the E-conﬁguration. The DFT-optimized structure (Table 3)
of the (6Z,60 Z) isomer has dihedral angles with magnitude 160.1°;
the (6E,60 Z) isomer has dihedral angles 160.1° (Z) and 176.8° (E);
and the (6E,60 E) isomer has dihedral angles of 179.9°. Compared
to normal carotenoids, the ring end groups of retro-carotenoids
are generally more planar relative to the polyene backbone
[70,71].
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Fig. 8. Raman spectra of rhodoxanthin isomers (6Z,60 Z), (6E,60 Z), and (6E,60 E) in
DMSO, and in solid state (thin ﬁlm). The 800–950 cm1 region is magniﬁed 5, and
the spectra are normalized for equal amplitude of the m1 band. Raman spectra of
rhodoxanthin in DMSO are acquired with excitation wavelength 568.2 nm. The
asterisks () denote regions where the solvent subtraction was imperfect. The thin
ﬁlm consists of (6E,60 E)-rhodoxanthin deposited on a glass substrate. The excitation
wavelength was 514.5 nm, and the spectrum was acquired at relatively high
irradiance levels with a Raman microscope. The spectra of thin ﬁlms of the other
isomers were nearly identical to the one shown here (see text and Supporting
Information).

Some of the patterns in the intensities of the DFT calculations of
the three isomers reﬂect trends seen in experiment. The agreement
is perhaps fortuitous, given that the calculations only reﬂect the
magnitude of the polarizability derivatives with respect to normal
coordinate, whereas intensities in the experimental spectra depend upon mechanisms for resonance enhancement that are not
considered in the calculations. For example, the intensities of a
doublet in the 1385–1400 cm1 region of the calculations can be
compared with the experimental 1392 cm1 band (strongest for
the 6Z,60 Z isomer). The 1334/1335 cm1 band in the calculations,
which consists primarily of C13–C14 (C130 –C140 ) stretches with
CH rocks, may reﬂect the experimental trend for the 1343 cm1
band (strongest for 6E,60 E). A pair of bands in the calculations that
are centered at 1181 cm1 and 1194 cm1 (strongest for 6E,60 E and
6Z,60 Z, respectively) can be compared with the relative intensities
of the experimental bands at 1195 and 1205 cm1 (strongest for
6E,60 E and 6Z,60 Z, respectively).
A number of other bands appear in the experimental spectra of
rhodoxanthin, but are not in complete agreement with the off-resonance calculations. First and foremost, a band at 1135 cm1 is a
clear shoulder in the experimental spectra of all three rhodoxanthin
isomers in solution, but is not apparent in the experimental spectrum of all-trans zeaxanthin. The calculations of rhodoxanthin reveal
a normal mode with frequency in the range of 1137–1143 cm1,
depending upon the isomer. The motion consists mainly of a localized C15–C150 stretch and accompanying CH rocks. Given that C15
and C150 are joined by a single bond for the retro-carotenoids, but
double for the normal carotenoids, it is reasonable that a normal

Fig. 9. Computed Raman spectra of three rhodoxanthin isomers, from DFT and
normal-mode calculations. The frequency axis is scaled by 0.9614. The 800–
980 cm1 region is magniﬁed by 50. The intensities of the calculated spectra do
not take into account any mechanism for resonance enhancement, and are
therefore not expected to match the intensities of experimental resonance Raman
spectra.

mode consisting primarily of this stretch could be a unique signature
of the retro-carotenoids. The calculations suggest that the intensity
of this band strongly depends on the isomer, in contradiction with
the experimental spectra. A likely reason is that the polarizability
changes computed in the off-resonance calculations include signiﬁcant C–H rocking motion on the rings, and the net magnitude of the
polarizability derivative (Raman intensity) is therefore sensitive to
the isomeric form. In contrast, the resonance enhancement of the
experimental band is likely derived from an A-term mechanism,
i.e. Franck–Condon displacement along the C15–C150 stretching
coordinate. Thus the actual mechanism for resonance enhancement
is not expected to depend signiﬁcantly upon local motions of the
rings, or upon the conﬁguration around the distant C6@C7 bond.
Second, the calculations predict a splitting of modes in the m2 region, corresponding to vibrations of both C–C single bond stretching and C–H rocking motions. A single strong band at 1155 cm1
(6Z,60 Z) correlates with at least two bands centered at 1143 and
1158 cm1 (for 6E,60 E). There is a hint of this trend in the experiment, because the m2 band in solution-phase spectra appears to
be narrowest for (6Z,60 Z) and shows signiﬁcant broadening for
the (6E,60 E) isomer. Furthermore, the splitting seen in the calculations is similar to the splitting noted in the spectra of rhodoxanthin
embedded in feathers (see below). However, the experimental
solution-phase spectra of the reference samples were not sufﬁciently resolved to discern individual bands, thus it is not clear
how the splitting or relative intensities of these two bands depends
upon the isomer.
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Table 3
Results from DFT calculations.
Molecule

Ea (cm1)

Dihedral angleb (degrees)
D

(6E,60 E)-rhodoxanthin
(6E,60 Z)-rhodoxanthin
(6Z,60 Z)-rhodoxanthin
b-carotene
(6E,60 E)-isocarotene
a
b

+341
+177
0
–
–

179.9
176.8
160.1
48.9
168.0

m1 (cm1)

Bond length (Å)
D

0

179.9
160.1
160.1
48.9
168.0

0

0

C6–C7

C6 –C7

1.374
1.374
1.370
1.475
1.372

1.374
1.370
1.370
1.475
1.372

1511
1513
1516
1520
1518

Optimized energy relative to (6Z,60 Z)-rhodoxanthin.
The dihedral angles are C5@C6–C7@C8 for b-carotene, and C4@C5–C6@C7 for the retro-carotenoids.

Third, a small band at 825 cm1 in the solution phase spectra
of rhodoxanthin gains intensity in the series (6E,60 E) ? (6Z,60 Z). A
likely assignment for this band is HOOP wags of hydrogens C8H,
C11H (and C80 H, C110 H) which move in opposition to wags C10H,
C12H (and C100 H, C120 H). The calculations predict the frequency
of this normal mode to be in the range 832–838 cm1, depending
upon isomer, which is very close to the experimental value. Additionally, it is reasonable that a HOOP motion that is close to the
C6@C7 or C60 @C70 ends of the chromophore should be sensitive
to the conﬁguration at each end. However, the DFT results predict
that the relative intensity of this mode is opposite the trend observed in the solution-phase spectra. Once again, the mismatch between the experimental and calculated relative intensities of this
band likely results from the fact that resonance enhancement is
not factored into the calculations and therefore they are generally
not good predictors of the experimental intensities. To enhance
support for the assignment it would be useful to include mechanisms for resonance enhancement in the calculations.
Resonance Raman spectra of rhodoxanthin thin ﬁlms
A resonance Raman spectrum of a thin ﬁlm of rhodoxanthin acquired with 514.5 nm excitation (high irradiance) is shown in
Fig. 8. This ﬁlm was formed from the (6E, 60 E) isomer, however
ﬁlms of the other isomers have band positions that are nearly
indistinguishable from each other (see Figs. S4 and S5; Table S6).
Speciﬁcally, the peak positions of all three isomers are m1 (1520–
1521 cm1), m2 (1158 cm1), and m3 (1007 cm1). In addition, the
HOOP region (800–980 cm1) shows no differentiation among isomers. Interestingly, the HOOP doublets at 955 and 978 cm1 are
more resolved than in the solution-phase spectra. As shown in
Fig. S5, low temperature spectroscopy of the (6Z,60 Z) isomer exhibited the same spectra as at room temperature, although the m2 and
m1 frequencies shifted 2–3 cm1 higher. All bands were more resolved at low-temperature than room temperature, especially in
the low-frequency and HOOP regions.
Given the nearly identical bands for the three thin ﬁlms, it is
possible that the same photoproduct or distribution of photoproducts forms by isomerization, regardless of the starting conﬁguration. In support of this proposal, we note that a photolysis
experiment of rhodoxanthin in solution reveals signiﬁcant isomerization of a sample of pure (6E,60 Z)-rhodoxanthin into both (6E,60 E)
and (6Z,60 Z) isomers upon irradiance with 488.0 nm laser excitation over the course of an hour (see Supporting Information and
Fig. S6). More generally, a prior report showed that isomerization
around the C6@C7 bond can take place at room temperature, particularly for the (6E,60 E) isomer, even in the absence of photolysis
[72]. Despite what appears to be facile change in conﬁguration, it
should be noted that during the micro-Raman measurements of
thin ﬁlms, there were no qualitative changes in either the peak
positions or in bandwidths at any point during the 15 min integration period. Therefore, if isomerization takes place upon excitation
of the ﬁlms, the equilibrium must be reached within the exposure

time of the ﬁrst acquisition (30 s). Furthermore, even when the
irradiance was decreased to levels at least 1000-fold lower than
employed to acquire the spectrum of Fig. 8, there was no observable difference between the m1 peak positions of the (6E,6’E) and
(6E,6’Z) isomers. It is possible that the quantum yield for isomerization is sufﬁciently high so that either level of irradiance causes
the rhodoxanthin at the laser focus to reach isomeric equilibrium
within the exposure time of the ﬁrst acquisition. A less probable
explanation is that the vibrational signatures of the three isomers,
although signiﬁcantly different in solution, are indistinguishable in
thin ﬁlms. There was insufﬁcient rhodoxanthin to perform a HPLC/
UV–Vis analysis following photolysis of the thin ﬁlms of pure
rhodoxanthin.
Raman spectra were previously reported for three red carotenoids extracted from Potamogeton crispus [42]. The three carotenoids were identiﬁed in a separate study as isomers of
rhodoxanthin [43]. The authors indicated a peak maximum for
the main ethylenic band at 1527 cm1 for all three red carotenoids;
this value is nearly identical to 1526 cm1 that we ﬁnd for the
(6Z,60 Z) isomer. Furthermore, a weak band centered at 1395–
1398 cm1 was reported in the spectra of the unknown isomers
of the red carotenoids [42]. This band nearly coincides with a minor one centered at 1392 cm1 that is most distinct in our solution-phase spectrum of (6Z,60 Z)-rhodoxanthin. In considering
both of these points, we conclude that isomerization affected the
previous resonance Raman spectra [42] in a similar way that it
probably affected the thin ﬁlm results of the present study.
Resonance Raman spectra of rhodoxanthin-containing feathers
The room and low temperature resonance Raman spectra of the
feathers are shown in Fig. 10. The 8 cm1 variation in the peak
maxima of m1 in the room temperature spectra of the feathers is
slightly greater than the variation caused by various isomers of
rhodoxanthin in solution. In the ﬁngerprint region, there generally
is a larger number of well-deﬁned bands for the feathers than for
the solution-phase spectra. For example, in the m2 region the feathers have signiﬁcant Raman scattering in two main bands that are
near 1159 and 1146 cm1, as well as a shoulder at 1132 cm1.
The m2 region of rhodoxanthin in solution exhibits a single broad
peak at 1159 cm1, with a shoulder at 1135 cm1. Like the solution phase spectra, the feathers have two small bands with peaks
near 1195 and 1205 cm1, a pair of bands that are found at approximately 1275–1285 cm1, and there is a small band centered at
1342 cm1.
A comparison of the Raman spectra of the feathers at room temperature, with the solution-phase results suggests that the isomeric content of rhodoxanthin in the feathers is mixed. On one
hand the intensity of the 1342 cm1 band in the spectra of the
feathers is most consistent with a predominantly (6E,60 E) or
(6E,60 Z) conﬁguration. Similarly, the overall shape of the bands
near 1195 cm1 most closely resemble the (6E,60 E) or (6E,60 Z) conﬁgurations in solution. However, the 1392 cm1 band, which is
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amplitudes of the low-frequency bands, as well as m2 and m3, tend
to increase at low temperature, as compared with the m1 band.
The peak positions of the feather spectra at low-temperature and
room temperature are summarized in Table S7.
Description of Raman spectra of individual feather samples
Pt. magniﬁcus
This feather is characterized by the highest frequency for m1 at
1525 (1523) cm1 at low (room) temperature. The band is somewhat broadened relative to other samples, and only Pt. jambu has
greater breadth. The m2 region of Pt. magniﬁcus is also broadened
relative to others. The HOOP bands have the lowest intensities
and are the least well resolved among all feathers. Most of the
intensity in the HOOP region is found in the 875 and 892 cm1
bands.
Ph. carnifex
This spectrum is most similar to Pt. magniﬁcus. At low temperature, the m1 band has its peak at 1524 cm1, only one wavenumber
lower than the corresponding peak of Pt. magniﬁcus. The maxima of
the bands in the ﬁngerprint region for both samples have frequencies that match one another within several wavenumbers. However, the spectra of Ph. carnifex appear to be the most wellresolved, with narrower m2 and m3 bands relative to spectra of Pt.
magniﬁcus and other species. Other bands in the ﬁngerprint region,
e.g. at 1273 and 1285 cm1 are distinguishable even at room temperature. Likewise, the bands in the HOOP region are more resolved and numerous than for other feathers at low temperature.
Unique to the Raman spectra of Ph. carnifex is a sharp mode at
863 cm1, and the intensity of the 953 cm1 band is considerably
greater than corresponding modes in the 950–960 cm1 region of
any other sample.

Fig. 10. Resonance Raman spectra of avian feathers acquired with 514.5 nm
excitation and a microscope setup. The solid lines are spectra acquired at
approximately 195 °C, and the dotted lines are those acquired at room temperature. The 800–930 cm1 region is magniﬁed by a factor of 5.

most clearly observed in the (6Z,60 Z) isomer, is observed in all ﬁve
samples. The prominent Raman signals at 830 cm1, also observed in each of the feather spectra, could support the presence
of the Z conﬁguration. Based on these comparisons, it is possible
that the feathers contain a majority of molecules with the
(6E,60 Z) conﬁguration. However an inhomogeneous mixture of
(6E,60 E) and (6Z,60 Z) isomers could also yield spectra that have a
similar appearance. As noted for the thin ﬁlms and in solution, it
is possible that photoisomerization about the C6@C7 (C60 @C70 )
bond of rhodoxanthin occurs in the feathers, and that a steadystate equilibrium of conﬁgurations is reached shortly after laser
excitation begins. One way to assess whether an isomeric mixture
is native in the feathers, or an artifact of excitation, would involve
extraction of the chromophore without heat [4,39] (to preserve the
native distribution of isomers), followed by HPLC analysis of the
pigments.
Differences in the isomeric content among the feathers cannot
be the sole cause of the variation in their absorption spectra. The
shift of the absorption maxima between (6Z,60 Z)- and (6E,60 E)-rhodoxanthin is less than 500 cm1, whereas the estimated differences
in the absorption spectra of the ﬁve feathers is 1400 cm1.
In general, band frequencies increase slightly upon lowering the
sample temperature. The bands clustered in the region of m2 are
better resolved at low-temperature. Additionally, the relative

Pt. pulchellus and Pt. solomonensis
The low-temperature resonance Raman spectra of these feathers appear to have no signiﬁcant differences. The m1 frequency
maxima (1519 cm1) are identical at low temperature. The ﬁngerprint region reveals a band-for-band match for the two species,
with at most a 3 cm1 difference in the position of corresponding
maxima. Both show clear doublet character to m2, with signiﬁcant
intensity of one band centered at 1148–1149 cm1, and another
centered at 1159 cm1. A clear shoulder has a maximum at
1132–1133 cm1. Finally, the methyl rock and six HOOP modes
match with at most 1 cm1 difference in the positions of the maxima. The intensities of the HOOP modes are very similar in the
spectra of the two feathers.
Pt. jambu
The 7 cm1 upshift in m1 upon cooling (from 1515 to
1522 cm1) is a considerably greater change than seen for any
other feather. The reason for the shift, as well as the overall greater
breadth of this band is clear from the low-temperature spectrum,
where it is obvious that the intensity in the m1 region is due to
two overlapping bands. A ﬁt of the spectra to two Voigt proﬁles
yields peak positions at 1510 cm1 (small) and 1524 cm1 (large).
Another unusual aspect of the Pt. jambu resonance Raman spectrum is the anomalously large HOOP band at 827 cm1. The relative intensity in the HOOP mode region is greatest for Pt. jambu
among all the samples.
Effect of irradiance on the resonance Raman spectra
A comparison of the low and high irradiance Raman spectra of
the feathers is illustrated in Fig. S7. The high-irradiance experiments employed a tightly focused 1 lm diameter beam that
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could probe a speciﬁc area of a single barbule, whereas similar
speciﬁcity was not possible for the 2.50 mm by 0.040 mm sized
spot of the low-irradiance experiments. The irradiance levels of
the micro-Raman experiments were 103–104 times higher than
the macro-Raman experiments. Despite the differing areas and
irradiance levels, the spectra are nearly identical. In some cases
there are differences in peak positions of 2 cm1. It is not clear
whether these shifts are a consequence of the irradiance, or uncertainties in the wavelength calibration for the different experiments. The near-identical Raman spectra of carotenoids in
feathers at high and low irradiance is consistent with a previous report [41].
Connections between electronic and vibrational spectroscopy
The origins of the vibrational and electronic changes of carotenoids in different environments have been addressed extensively
for the caroteno-proteins of lobsters and other invertebrates
[23,73] and carotenoid-containing feathers of birds [4,5,41]. We
will discuss the results described above in the context of three
mechanisms: (1) extent of conjugation, particularly the effects of
distortion; (2) polarization of the chromophore via interaction
with its environment; and (3) electronic coupling between
carotenoids.
It is well known that an increase in the extent of conjugation
(increase in p-electron delocalization) in a polyene system decreases both the energy of the HOMO–LUMO transition as well
as the frequency of the m1 mode [74,75]. Is a change in the extent
of conjugation, as reﬂected by the frequency of the m1 mode of rhodoxanthin in the feathers, consistent with the shifts in electronic
absorption of the chromophore? The positions of the average
half-maxima in the absorption are 20,100, 19,800, 19,200, and
18,700 cm1 for Pt. magniﬁcus, Ph. carnifex, Pt. pulchellus, and
Pt. solomonensis, respectively. Resonance Raman spectra acquired at
the same (room) temperature as the absorption spectra have peak
maxima for the ethylenic frequencies at 1523, 1520, 1518, and
1515 cm1. (Pt. jambu is not considered in this analysis because
of the complicating factor of two bands observed in the low-temperature Raman spectra.) A plot of the electronic energy versus
ethylenic vibrational frequency yields a slope of nearly 200 cm1
(change in electronic energy) per 1 cm1 (change in vibrational frequency). By comparison, reports of the same correlation as a function of polyene length reveal a slope of 95–120 cm1 (electronic)
per 1 cm1 (vibrational) [74–76]. The electronic spectrum of rhodoxanthin changes more than one would expect from the variation
in the m1 ground-state frequency. Additionally, changes in conjugation length are expected to affect both m1 and m2 frequencies
[41,74,75]. The near-invariant frequency positions of strong bands
in the m2 region of the feather spectra are one argument against differences in ground-state delocalization. Taken together, the preceding observations lead to the conclusion that changes in the
absorption band of rhodoxanthin within the environment of the
ﬁve feather samples are primarily a consequence of shifts in the excited-state energy level of the carotenoid, and secondarily a result
of delocalization in the ground state.
The effective conjugation length of a polyene depends upon its
planarity. One measure of loss in planarity is the enhanced Raman
scattering from HOOP wags. These normal modes become fully
symmetric, and therefore gain Raman intensity via the A-term,
when the polyene is twisted [68,77]. For rhodoxanthin in the ﬁve
feathers, the HOOP bands of the room-temperature spectra are
slightly more intense when the m1 frequency is lowest. We would
expect the opposite behavior: a low intensity of a HOOP band (sign
of a ﬂattened chromophore) should be connected to a downshifted ethylenic frequency (indicator of delocalization). Our view
agrees with others [74,78]. However, there have been contrary
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claims that twisting around single or double bonds of the chromophore would cause a decrease in m1 ethylenic frequency [23].
Although we question the basis of the latter correlation, nevertheless, it matches the trend of our experimental spectra.
A polarization mechanism, e.g. one resulting from a hydrogen
bond to a keto group, or the interaction of a nearby charge with
the conjugated double bond network, can alter the electronic
structure of the carotenoid in two ways. First, the presence of a
charged residue near the polyene chain or conjugated carbonyl
could decrease the extent of double- and single-bond alternation,
effectively extending the conjugation. This mechanism should
have a signiﬁcant effect on the ground state, as well as the energy
of the electronic transition [79]. Second, a nearby charged residue
could perturb the excited state, while leaving the ground state largely unmodiﬁed. This alternative scenario is reasonable, in part because the carotenoid in its S2 excited state is more polarizable than
in the ground state [80]. Furthermore, particularly for a keto-carotenoid, any asymmetry in the interactions at either end of the chromophore can be expected to induce signiﬁcant charge-transfer,
and therefore a dipole moment, upon excitation. Charge transfer
is one mechanism whereby the environment could shift the energy
level of the excited state substantially, while the ground state is
left relatively unperturbed. A similar model of excited-state perturbation was invoked to explain the green-to-red opsin shift of the
visual pigment rhodopsin, which contains the chromophore 11cis retinal [81].
Some degree of polarization of the ground-state rhodoxanthin
in the feathers may be indicated by C@O stretching frequencies
that are lower (10 cm1) versus in the solution phase (Fig. S7).
The decreased frequency could be caused by hydrogen bonding
of an amino acid residue to a carbonyl. However, the decrease in
frequency is signiﬁcantly smaller than the typical 40–60 cm1
downshifts for other hydrogen-bonded carbonyls [82]. The minor
decrease in carbonyl frequency seen in our experimental spectra
does not support strong hydrogen-bonding as the primary mechanism for polarization in the feathers. Again, we conclude that the
evidence points to minimal perturbation of the ground-state chromophore, as part of the shift in the electronic transition.
Electronic coupling between neighboring carotenoid molecules
may also perturb their excited-state energy levels. Exciton-coupling between astaxanthin molecules in crustacyanin was hypothesized to cause shifts in the absorption proﬁle [13,14,22,83].
Although exciton-coupling shifts the excited state of the carotenoid, the ground state is unperturbed, thus leaving the vibrational
frequencies the same [52,84]. In the case of the feathers, changes
in the absorption proﬁle, with only modest changes in the m1 frequency, may be indirect indicators that exciton coupling plays a
role in the electronic transition of rhodoxanthin. Speciﬁcally, the
downshifted electronic absorption of Pt. pulchellus, Pt. solomonensis, and Pt. jambu could be partially caused by chromophore–chromophore interaction. If this proposal is correct, the mechanism for
bringing the chromophores close to one another must overcome
the relatively low concentrations of rhodoxanthin in the feathers
with the most red-shifted absorption bands (Pt. solomonensis and
Pt. jambu).

Conclusions
In the present study, we have explored the variation of color in
bird feathers that contain the retro-carotenoid rhodoxanthin. The
plumage originates from four species of fruit doves (Ptilinopus)
and a cotinga (Cotingidae). We analyzed the vibrational spectra
of the retro-carotenoid, and identiﬁed bands and normal modes
that distinguish it from more common carotenoids that have the
usual pattern of single/double bond alternation.
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Within the feathers of the ﬁve species, the shifts in ethylenic
(m1) band positions are inconsistent with the trend in HOOP wag
intensities, and also cannot be reconciled with the 40 nm shift
in the UV–Vis transition energy. Therefore, we propose that a
polarization mechanism, or possibly exciton coupling between
chromophores, exerts a particularly strong inﬂuence on the excited-state chromophore within the keratin environment. Shifts
in the absorption of rhodoxanthin may be the primary cause of color variation, but other factors are not excluded. Eumelanin and
pheomelanin in Pt. magniﬁcus, Pt. pulchellus, Ph. carnifex could contribute to blue light absorption and enhance the feathers’ overall
red appearance, relative to those of Pt. jambu and Pt. solomonensis.
It is also possible that structural coloration, or perhaps differences
in carotenoid concentration, could affect the range of colors observed in the plumage of these birds.
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